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Studies conducted to determine life history and starch allocation of common reed
(Phragmites australis), and evaluate haplotype susceptibility to aquatic labeled
herbicides. Twelve 0.1 m2 samples were taken from four sites in the Mobile River delta
from January 2006 to December 2007.

Samples separated into above and belowground

biomass dried and weighed. Starch determination used the amylase/amyloglucosidase
method. Biomass decreased with decreasing temperature. Aboveground biomass was
2200 and 1302 g m2 in October 2006 and December 2007. Belowground biomass was
1602 and 1610 g m-2 in November 2006 and December 2007. Aboveground starch was
highest in December of 2006 and November of 2007. Belowground starch peaked in
August of 2006 and September of 2007. RFLP methodologies were used to identify
populations of I and M used for herbicide sensitivity screening. No difference detected in
the susceptibility of haplotypes. Glyphosate, imazapyr, and triclopyr are effective
herbicides for common reed control.
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CHAPTER I
COMMON REED [Phragmites australis (Cav.) Trin. ex. Steudel] LITERATURE
REVIEW

Introduction
Common reed, Phragmites australis (Cav.) Trin. ex Steud, is an aquatic and
riparian grass that is found on every continent except Antarctica (Holm et al.1977). In
addition, it also has the widest distribution of any flowering plant (Tucker 1990). In the
United States, common reed is found in every state except Alaska and Hawaii.
Phragmites australis is a perennial monocot from the Poaceae family (Clayton 1967). It
is a multifaceted species with high variability in chromosome number, individual alleles,
and morphological characteristics across the globe (Haslam 1972, Hauber et al. 1991,
Tucker 1990). The genus Phragmites includes four species; P. australis has a worldwide
distribution; Phragmites japonicus Steudel is native to Japan, China, and eastern areas
of Russia; P. karka (Retz.) Trin. is found in Africa, Southeast Asia, and northern
Australia; and P. mauritianus Kunth is native to Africa and on the islands in the Indian
Ocean (Clayton 1967, Darlington and Wylie 1955, Tucker 1990).
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Description
Phragmites australis (Cav.) Trin. ex Steud, synonymous with P. communis Trin.
var. berlanderi (Forun.) Fern, is a member of the Poaceae family, tribe Arundineae
(Clayton 1967). It is a perennial monocot that is described by Godfrey and Wooten
(1979) as “tall, coarse perennial with stout rhizomes, deeply seated in the substrate.” The
stems of P. australis are 2-4 m in height and range from 5 to 15 mm thick (Serag 1996).
The leaves alternate along the upper portion of the stem and tend to be flat and
smooth with the exception of the margins, which tend to be slightly scabrous, ranging
from 1 to 4 cm wide and up to 60 cm long (Godfrey and Wooten 1979). The sheath is
overlapping and smooth with a ciliated ligule present but very thin, with the hairs being
very short and stiff (Godfrey and Wooten 1979). The panicle is purple, silver or tawny in
color and is densely flowered (Godfrey and Wooten 1979). The spikelets are flat and 12
to 15 mm long (Godfrey and Wooten 1979).
The inflorescences are plume-like, ranging in length from 30 to 60 cm. Flowers
are arranged in clusters around the branches (Godfrey and Wooten 1979). A coat of silklike hairs surround each flower and are a purple color initially and over time gradually
turn brown (Godfrey and Wooten 1979). The seeds of common reed are 0.5 to 0.8 cm
long, brown in color and are very thin and fragile. In addition, each seed has a long bristle
attached to it (Serag 1996).

Propagation and Life History
Phragmites australis produces numerous seeds; however, these seeds are typically
not viable. The primary source of propagation for P. australis is vegetative growth
2

through the formation of rhizomes and stolons (Haslam 1973). From these rhizomes and
stolons comes the main stem of the plant that is hollow, jointed, and typically
unbranched. The rhizomes of P. australis play a vital role in its survival. They not only
function as the primary means of reproduction (Kilmeš et al. 1999) but they act as a
storage organ for total nonstructural carbohydrates (TNC), water soluble carbohydrates
(WSC), glucose, fructose, and sucrose (Fiala 1976, Kilmeš et al. 1999). Carbohydrate
allocations in P. australis can vary based on age, nutrients of the sediment, location,
trophic status, and time of year (Čížková et al. 1996, Čížková and Bauer 1998, Fiala
1976, Kilmeš et al. 1999, Tylová et al. 2008). Despite the chance for variability,
carbohydrates within P. australis tend to decrease during spring growth, sometimes as
much as 60% (Čížková et al. 2001), then rapidly increase from July to September, and
then decrease again during winter (Asaeda et al. 2006, Čížková et al. 1996, Čížková et al.
2001, Granéli et al. 1992). In some instances the carbohydrate reserves were restored as
early as June (Granéli et al. 1992). Asaeda et al. (2006) developed a model that would
estimate the amount (g TNC m-2) of TNC that was being moved from above ground
portions of P. australis to the below ground storage organs and found that approximately
2000g TNC m-2 were translocated during the summer recovery period (May-August)
prior to fall senescence.
Historically, P. australis has been a minor part of most tidal and freshwater
wetlands and marshes; however, within the last 200 years there has been a significant
expansion of P. australis into North American wetlands, both brackish as well as
freshwater (Chambers et al. 1999). To date in North America the greatest expansion of
P. australis has been along the Atlantic coast and in the Gulf of Mexico, specifically the
3

Mississippi River delta (Chambers et al. 1999). This expansion has been attributed to the
increase in non-native haplotypes, increased hydrologic disconnectivity, and increases in
human disturbances (Chambers et al. 1999, Saltonstall and Stevenson 2007). The
expansion of P. australis is facilitated by its ability to accumulate TNC with age (Fiala
1976, Kilmeš et al. 1999) and its specialized rhizomes and roots (Gries et al. 1990,
Soukup et al. 2002), both of which enhance its flood tolerance by allowing greater gas
transport to the underground organs.

Haplotypes
A haplotype can be explained as a lineage of DNA, in which there are sequence
differences within a single genome that differ from one to another. These differences
may not show phenotypic traits that are unique from one haplotype to another but some
have speculated that these genetic differences may contribute to the invasiveness of one
haplotype over another (Chambers et al. 1999, Saltonstall and Stevenson 2007).
Saltonstall (Saltonstall, pers. comm.) has identified 29 haplotypes of P. australis
worldwide, 13 of which are native to North America; 5 of these are native to the
northeastern portion of North America. All species of Phragmites show high phenotypic
plasticity, making species identification difficult (Clayton 1967, Haslam 1972, Koppitz
1999). Of the 29 haplotypes discovered worldwide, haplotypes I and M are the most
abundant (Saltonstall 2002). Haplotype I originated from South America and parts of
Asia and is the most prevalent haplotype along the Gulf Coast of the United States
(Hauber et al. 1991, Saltonstall 2002). Haplotype M is found throughout Eurasia and
Africa and is considered native to those ranges. Conversely, in North America haplotype
4

M shows invasive characteristics, taking over northeastern and Midwestern wetlands and
shorelines, producing monotypic stands, and choking out native vegetation and wildlife
(Able and Hagan 2000, Chambers et al. 1999, Marks et al. 1994, Saltonstall 2002,
Windham and Lathrop 1999). In Europe, P. australis populations are protected because
of their ecological importance to the wetland ecosystem (Tscharntke 1992). Despite its
beneficial uses in Europe, haplotype M has had negative impacts here in North America
resulting from its ability to expand and out-compete the 13 native haplotypes.

Habitat
Phragmites australis can grow in a wide array of physical environments. This
ability to adapt to its surrounding ecosystem is what has aided in its worldwide
distribution. Studies have shown that P. australis can tolerate both fresh and brackish
water environments (Alvarez et al. 2005, Hootsmans and Wiegman 1998, Lissner and
Schierup 1997, Marks et al. 1994) as well as a variety of water depths and temperature
ranges (Bodensteiner and Gabriel 2003, Mauchamp et al. 2001) and it can colonize
disturbed and undisturbed areas (Bart and Hartman 2003). Phragmites australis has been
able to grow successfully in areas where the salinity ranges from as low as 5% to as high
as 65% of total sea water (Hartzendorf and Rolletscheck 2001) but expansion is more
pronounced in waters and or habitats with average salinities ranging from 5% to 18% of
total sea water (Burdick and Konisky 2003). Another adaptation for survival P. australis
has is its ability to cope with anoxic sediment environments. In dealing with these
environments P. australis has, over time, developed modifications to both above and
below ground organs; i.e., the lower stem, stolon and rhizome interconnectivity, length
5

and morphology (Antonielli et al. 2002, Armstrong and Armstrong 1990, Armstrong et
al. 1996, Bart and Hartman 2003). In addition, variation in the anatomy of mature and
immature leaves also aids in the assimilation of carbon dioxide and oxygen evolution in
anoxic environments (Antonielli et al. 2002). The leaf anatomy of the mature leaves of
P. australis exhibits typical C3 characteristics (Antonielli et al. 2002, Taiz and Zeiger
2002). The difference comes in the anatomy of the immature leaves, which exhibit C4
characteristics by the presence of chloroplasts in the bundle sheath cells (Antonielli et al.
2002, Taiz and Zeiger 2002). The difference between the chloroplasts in normal C4
plants and the chloroplasts in immature P. australis leaves is that the chloroplasts in the
P. australis leaves are fully developed and capable of carrying out biochemical and
photochemical reactions necessary for photosynthesis (Antonelli et al. 2002), whereas the
chloroplasts in the bundle sheath cells of C4 plants are typically unable to perform these
vital photochemical processes at a sufficient rate (Taiz and Zeiger 2002). The
adaptations such as genetic plasticity, i.e., the ability to alter genotypic or phenotypic
traits in response to stressors in the environment, (Amsberry et al. 2000, Saltonstall
2002), morphological variations between mature and immature leaves (Antonelli et al.
2002) and the ability to cumulatively load TNCs with age (Fiala 1976, Kilmeš et. al.
1999) allows P. australis to have a world-wide distribution (Holm et al. 1977, Tucker
1990) and is a major factor as to why there is a shift in populations and an encroachment
of P. australis into new habitats and a focus on controlling this invader.
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Management
Management of P. australis has been widely studied across many habitat types
and continents (Ailstock et al. 2001, Chambers et al. 1998, Čížková et al. 2001, Güsewell
et al. 2000, Güsewell 2003, Kay 1995). To date, management of P. australis can be
divided into four control categories: biological, chemical, mechanical, and physical
control (Cross and Fleming 1989, Norris et al. 2002). Biological control is being
examined heavily in Europe and is under review in the US; however, no operational
biological control agents have been approved for use in the US (Blossey 2003,
Tewksbury et al. 2002).
Chemical control methods have used the active ingredients glyphosate, imazapyr,
and triclopyr (Derr 2008, Kay 1995, Monteiro et al. 1999). Glyphosate (Nphosphonomethyl) glycine) is a systemic herbicide that inhibits the 5-enolpyruvyl
shikimate-3-phosphate(EPSP) synthase which leads to a reduction of aromatic amino
acids, specifically phenylalanine, tryptophan, and tyrosine, that are vital in protein
synthesis (Senseman 2007). Imazapyr {2-[4,5-dihydro-4-methyl-4-(1-methylethyl)-5oxo-1H-imidazol-2-yl]-3-pyridinecarboxylic acid} is also a systemic herbicide; however
it affects a different biochemical pathway than glyphosate. Imazapyr inhibits branch
chain amino acid production by preventing the production of acetohydroxyacid synthase
(AHAS) which causes an unrecoverable decrease in branched-chain amino acids such as
isoleucine, leucine, and valine (Shaner and Mallipudi 1991, Senseman 2007). Triclopyr
{-[(3,5,6-trichloro-2-pyridinyl)oxy] acetic acid} is a systemic herbicide that mimics the
endogenous auxin IAA; however, the mechanism of action is not well understood nor is
the specific site of action (Senseman 2007). What is known is that triclopyr and other
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auxin mimicking herbicides such as 2,4-D affect cell wall integrity by causing
uncontrolled elongation and cell division which can be seen by the rapid elongation of
stems and leaves, which results in a twisting of the plant known as epinasty (Senseman
2007). Studies have shown all three herbicides to be effective in controlling P. australis
(Derr 2008, Kay 1995).
Mechanical and physical control methods have been examined and mixed results
have been identified. Flooding, disking, bulldozing, and dredging have all been
evaluated and are not effective methods for controlling existing infestations of P.
australis (Cross and Fleming 1989, Gries et al. 1990, Norris et al. 2002). Seasonal
mowing has been effective (Cross and Fleming, Güsewell 2003). Burning has long been
used to reduce P. australis biomass; however it is a significant disturbance that may
stimulate P. australis germination and expansion (Norris et al. 2002). To date, chemical
control appears to be the most cost effective and useful management tool available.
Combinations of mechanical and chemical have been shown to reduce P. australis
biomass (Ailstock et al. 2001, Monteiro et al. 1999).
A gap in P. australis management has been not linking management practices to
the life history and carbohydrate patterns to exploit times of either reduced biomass
and/or bulk flow of nutrients from above ground portions to the below ground storage
organs in hopes of achieving greater control. Using life history as a time table for
management is not a new idea, nor is it a technique applied only to natural resource
management. Production agriculture utilizes life histories of numerous weed species to
achieve better control in production systems (Ghersa and Holt 1995, Radosevich et al.
2007). In Ireland, giant hogweed (Heracleum mantegazzianum Sommier and Levier)
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control methods were more effective when they were applied prior to flowering, which
limited the recruitment for following generations (Caffery 1999). In aquatic plant
management, studies on curlyleaf pondweed (Potamogeton crispus L.) (Woolf and
Madsen 2003), Eurasian watermilfoil (Myriophyllum spicatum L.) (Madsen 1997, Owens
and Madsen 1998a, Perkins and Sytsma 1987), hydrilla (Hydrilla verticillata (L.F.)
Royle) (Madsen and Owens 1998, Owens and Madsen 1998b), water chestnut (Trapa
natans L.) (Madsen 1993), and waterhyacinth (Eichhornia crassipes (Mart.) Solms.) (Luu
and Getsinger 1990, Madsen et al. 1993) have looked at seasonal biomass and
carbohydrate allocation, each highlighting the importance of timing management with
specific points within the life history.

Objectives and Justification
The aim of this research is three-fold: examine the life history of P. australis in
the Mobile River delta, Alabama; identify the starch allocation patterns of P. australis
from the Mobile River delta; and to assess current, aquatic labeled herbicide applications
on both native and invasive haplotypes of P. australis. To date, minimal research has
been done on identifying the seasonal distribution of P. australis biomass (above and
below ground) along the Gulf of Mexico. An understanding of the biomass and starch
allocations has significant implications in management practices, specifically in the
timing of management. In addition, an examination of the current herbicides available for
use in aquatic systems as well as recommended for control of P. australis is needed to
identify the most effective chemistry availible and to examine the effect of haplotype on
herbicide efficacy. To date, no investigation published in the literature has looked at
9

haplotype effect on the efficacy of herbicide applications. The combination of the above
mentioned research will provide a significant contribution to the overall understanding of
P. australis as well as provide insight into the dynamic management of this unique and
widespread species at both local and global scales.
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CHAPTER II
THE USE OF SELECTED AQUATIC HERBICIDES TO CONTROL COMMON
REED [Phragmites australis (Cav.) Trin. ex. Steudel]

Abstract
Common reed (Phragmites australis (Cav.) Trin. ex Steud) is an invasive
perennial grass that is a nuisance in aquatic and riparian environments across the United
States, forming monotypic stands that displace native vegetation which provide food and
cover for wildlife. Genetic variation in global populations of common reed has given rise
to two problematic haplotypes, I and M, which have been causing problems in the United
States. Our objectives were to evaluate whether a difference occurs in the susceptibility
of these two non-native haplotypes to available herbicides and identify the most effective
aquatic labeled herbicides for control of common reed. A replicated outdoor mesocosm
study was conducted in 1136-L tanks using two distinct haplotypes, I and M. Restriction
fragment length polymorphism methodologies were used to identify populations of I and
M used in this study. Diquat at 2.2 and 4.5 kg ai/ha, glyphosate at 2.1 and 4.2 kg ae/ha,
imazamox at 0.6 and 1.1 kg ai/ha, imazapyr at 0.8 and 1.7 kg ai/ha, and triclopyr at
3.4and 6.7 kg ae/ha were applied to the foliage with a non-ionic surfactant at a rate of
0.25% v:v. Common reed was evaluated weekly for 12 weeks after treatment (WAT) to
assess percent control. At 12 WAT, healthy plant tissue was harvested, dried, and
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weighed. Haplotype was a significant factor (p=0.03) with glyphosate at 2.1 kg ae/ha and
imazamox at 0.6 kg ai/ha; therefore, we found evidence of differential susceptibility
between haplotypes to the lower rates of glyphosate and imazamox. At 12 WAT, both 2.1
and 4.2 kg ae/ha rates of glyphosate, and 0.8 and 1.7 kg ai/ha rates of imazapyr reduced
common reed (p<0.01). Triclopyr at the maximum label rate of 6.7 kg ae/ha reduced
biomass (p<0.01); however, some re-growth occurred. Glyphosate, imazapyr, and
triclopyr can be effective herbicides for common reed control.

Introduction
Common reed, Phragmites australis (Cav.) Trin. ex Steud is an aquatic and
riparian grass that is found on every continent except Antarctica (Holm et al. 1977), and
has the widest distribution of any flowering plant (Tucker 1990). In the United States,
common reed is found in every state except Alaska and Hawaii. Today, rapid expansion
of common reed is attributed to multiple introductions of a non-native strain from Europe
in the late 1700s (Saltonstall 2002) as well as anthropogenic effects such as hydrologic
alterations and disturbances (Roman et al. 1984), and increased eutrophication of the
environment and nutrient runoff (Chambers et al. 1999). Common reed is a perennial
monocot from the Poaceae family (Clayton 1967) and is described as a tall, coarse
perennial with stout rhizomes, deeply seated in the substrate (Godfrey and Wooten 1979).
The primary source of propagation for common reed is vegetative growth through the
formation of rhizomes and stolons (Haslam 1973). From these rhizomes and stolons
emerge the main stem of the plant, which is hollow, jointed, and typically unbranched.
The rhizomes of common reed play a vital role in its survival. They not only function as
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the primary means of reproduction (Kilmeš et al. 1999) but they act as a storage organ for
total nonstructural carbohydrates (TNC), water soluble carbohydrates (WSC), glucose,
fructose, and sucrose (Fiala 1976, Kilmeš et al. 1999).
All species in the genus Phragmites show high phenotypic plasticity making
species identification difficult (Clayton 1967, Haslam 1972, Koppitz 1999). Multiple
morphological traits have been suggested for differentiation among common reed of
various origins; however, the sole use of these characteristics as a definitive identification
tool is still difficult and highly subjective (Saltonstall et al. 2004). A key tool in the
identification of invasive lineages of common reed has been the use of polymerase chain
reaction, restriction fragment-length polymorphism analyses (PCR-RFLPs). Here, the
polymerase chain reaction (PCR) is used to amplify a region of the chloroplast genome in
Phragmites, and the resulting PCR product is digested with restriction enzymes for RFLP
analyses (Saltonstall 2001, Saltonstall 2003). The RFLP analyses identify nucleotide
differences between samples of DNA by using specific restriction enzymes to cleave the
DNA at specific points of known DNA sequence differences (Saltonstall 2003). The
resulting DNA fragments are then subjected to gel electrophoresis that causes DNA
fragments of various length to migrate at different rates across the gel. These differences
in fragment size can be used to identify unique genetic variants, also commonly referred
to as haplotypes. Haplotype differences have been linked with invasions of non-native
common reed (Saltonstall 2002) and are important for properly identifying an unknown
population as well as providing a vital tool in management decision support. These
cryptic invasions of common reed over the last 200 years have resulted in a loss of native
common reed and an increase in non-native haplotypes (Saltonstall 2002). Saltonstall
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(pers. comm.) has identified 29 haplotypes of common reed worldwide, thirteen of which
are native to North America; five of these are native to the Northeastern portion of North
America. Of the 29 haplotypes discovered worldwide, haplotypes I and M are the most
abundant (Saltonstall 2002). Haplotype I is thought to have originated from South
America and parts of Asia and is the most prevalent haplotype along the Gulf Coast of
the United States (Hauber et al. 1991, Saltonstall 2002). Haplotype I is unique in that
previous studies have found evidence of its presence along the Gulf Coast since the late
1800s (Saltonstall 2002). Genetic analysis of both pre 1910 herbarium samples as well as
current samples indicate genetic autonomy as well as geographic isolation of this
haplotype along the gulf coast of the United States (Pellegrin and Hauber 1999,
Saltonstall 2002) from all other populations of common reed in North America. In
addition, haplotype I’s introduction to North America remains a mystery; but what is
known is that its closest relative is only found in Asia, and it could be possible that
haplotype I is originally from Asia (Saltonstall 2002). However, without knowing the
exact time of introduction, and the fact that herbarium samples pre-1910 had this
haplotype present in North America, designating haplotype I as native or non-native is
inappropriate. Haplotype M is found throughout Eurasia and Africa and is considered
native to those ranges. Conversely, in North America haplotype M shows invasive
characteristics, taking over wetlands and shorelines producing monotypic stands and
choking out native vegetation and wildlife (Able and Hagan 2000, Chambers et al. 1999,
Marks et al. 1994, Saltonstall 2002, Windham and Lathrop 1999).
Historically, common reed has been a minor part of most tidal and freshwater
wetlands and marshes. However, within the last 200 years there has been a significant
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expansion of common reed into North American wetlands, both brackish as well as
freshwater (Chambers et al. 1999). To date, in North America the greatest expansion of
common reed has been along the Atlantic Coast, the Great Lakes, and in the Gulf of
Mexico, specifically the Mississippi River delta (Chambers et al. 1999). This expansion
has been attributed to numerous things such as increased hydrologic disconnection,
increases in human disturbances the increase in non-native haplotypes (Chambers et al.
1999, Saltonstall and Stevenson 2007).
Management of common reed has been divided into four control categories;
biological, chemical, mechanical, and physical control (Cross and Fleming, 1989, Norris
et al. 2002). Biological control is being examined heavily in Europe and is under review
in the US; however, no operational biological control agents have been approved for use
in the US (Blossey, 2003, Tewksbury et al. 2002). Chemical control methods have
included the active ingredients glyphosate, imazamox, imazapyr, and triclopyr (Derr
2008, Kay 1995, Monteiro et al. 1999). Glyphosate (N-phosphonomethyl) glycine) is a
systemic herbicide that inhibits the 5-enolpyruvyl shikimate-3-phosphate (EPSP)
synthase which leads to a reduction of aromatic amino acids, specifically phenylalanine,
tryptophan, and tyrosine, that are vital in protein synthesis (Senseman 2007). Imazapyr
{2-[4,5-dihydro-4-methyl-4-(1-methylethyl)-5-oxo-1H-imidazol-2-yl]-3pyridinecarboxylic acid} and imazamox, 2-(4,5-dihydro-4-methyl-4-(1-methylethyl)-5oxo-1H imidazol-2-yl]-5-(methoxymethyl)-3-pyridinecarboxylic acid) are also systemic
herbicides; however it affects a different biochemical pathway than glyphosate. Both
imazapyr and imazamox inhibit branch chain amino acid production by preventing the
production of acetohydroxyacid (AHAS) synthase which causes an unrecoverable
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decrease in branched-chain amino acids such as isoleucine, leucine, and valine (Shaner
and Mallipudi 1991, Senseman 2007). Triclopyr {-[(3,5,6-trichloro-2-pyridinyl)oxy]
acetic acid} is a systemic herbicide that mimics the endogenous auxin IAA, however the
mechanism of action is not well understood nor is the specific site of action (Senseman
2007). Triclopyr and other auxin mimicking herbicides, such as 2,4-D, affect cell wall
integrity by causing uncontrolled elongation and cell division, expressed as the rapid
elongation of stems and leaves which results in a twisting of the plant known as epinasty
(Senseman 2007). Studies have shown all four herbicides to be effective in controlling
common reed (Derr 2008, Kay 1995).
Mechanical and physical control methods have been examined and mixed results
have been reported. Flooding, disking, bulldozing, and dredging have all been evaluated
and are not effective methods for controlling existing infestations of common reed (Cross
and Fleming 1989, Gries et al. 1990, Norris et al. 2002). Seasonal mowing has been
effective (Cross and Fleming 1989, Güsewell 2003). Burning has long been used to
reduce common reed biomass; however it is a significant disturbance that may stimulate
common reed germination and expansion (Norris et al. 2002). The lack of effective
biocontrol agents and the relatively poor performance of mechanical and physical control
methods indicate that chemical control is the most cost effective and useful management
tool available. Combinations of mechanical and chemical have been shown to reduce
common reed biomass (Ailstock et al. 2001, Monteiro et al. 1999). Assessment of
aquatic labeled herbicides for the control of different haplotypes of common reed is
necessary to identify any differences in herbicide efficacy that may be attributed to
genetic variation. To date, no published studies have examined the differences in
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herbicide efficacy between different haplotypes of common reed. In addition, a screening
of aquatic labeled herbicides is important to identify chemistries that are effective and
can be used in wide variety of landscapes. The objective of this study is to identify the
most effective chemistries labeled for aquatic sites for controlling common reed and to
examine if there are any differences in herbicide efficacy based on haplotype make up.

Materials and Methods
The study was conducted in an outdoor mesocosm facility at the R.R. Foil Plant
Science Research Facility, Mississippi State University, Starkville, Mississippi. The
study was conducted for 12 weeks beginning in July 2008 and ending in October 2008.
The experiment was conducted twice. The experimental design was a split-plot design
with the whole-plot factor being two rates of diquat (6,7-dihydropyrido[1,2-a:2’,1c]pyrazinediium), two formulations of glyphosate (isopropyl amine and mono-potassium
salts), imazamox, imazapyr, and triclopyr and an untreated control, and the sub-plot
factor the two different haplotypes, I and M, of common reed. Each treatment was
replicated four times. Haplotypes I and M of common reed were used in this study. Leaf
tissue samples of each haplotype stock were assayed using PCR-RFLPs to identify the
variation in chloroplast DNA (cpDNA) and ultimately haplotype makeup (Saltonstall
2003). This method amplifies cpDNA fragments using the PCR and determines sequence
variation among amplified DNA fragments by using RFLPs (Dowling et al. 1996).
Common reed leaf tissue was homogenized using a Retsch MM 301 Ball Mill (Restch,
Newtown, PA), whole genomic DNA was extracted using an ABI 6100 Nucleic Acid
Prep Station with proprietary chemistry (ABI, Foster City, CA). Two variable regions of
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the cpDNA were amplified via PCR. One region is associated with trnL (Taberlet et al.
1991), and the other is anchored within rbcL (Saltonstall 2001). Both regions are
required to diagnose differences between haplotypes I, M and the numerous native
haplotypes (Saltonstall 2001, 2002, 2003). The specific primer pairs used in this study
for trnL were trnL (Taberlet et al. 1991), and trnLbR (Saltonstall 2002). The region of
rbcL was amplified using primers rbcL (Saltonstall 2001) and rbcL3R (Saltonstall 2003).
Amplifications were conducted in 10 µL reactions that contained 10 ng of DNA, 0.4 units
of Taq polymerase, 125 nM of each primer, 72 mM tricine, 120 mM KCL, and 4.8 mM
MgCl2. The cycle profile for these reactions was 3 min at 95˚C followed by 30 cycles of
30 sec at 95˚C, then 30 sec at the annealing temperature of 55˚C, and 45 sec at 72˚C, with
a final elongation period of 10 minutes at 72˚C. Five µL of the PCR product were
digested using the following restriction enzymes: RsaI for the trnL region and HhaI for
the rbcL region of the cpDNA (Saltonstall 2003). Restriction fragments were separated
using agarose gel electrophoresis (4% metaphor agarose) stained with ethidium bromide
and visualized under UV light. Haplotype I was collected from Polecat Bay, east of
Mobile, Alabama (Lat. 30˚42’8.18” Long. 88˚0’25.70”) and haplotype M was collected
from the St. John’s Marsh, located on the northern shore of Lake St. Clair, near Harsens
Island, Michigan (Lat. 42˚35’97” Long. 88˚37’30.50”). Common reed was grown from
two, 20.3-cm rhizome segments cultivated from greenhouse stock of haplotypes I and M
in 18.9-L plastic pots. Pots were filled with a mix of loam, masonry sand, and top soil
and amended with 2 g/L of 19-6-12 Osmocote® fertilizer, placed inside 1136-L tanks and
filled with water up to 15 cm and maintained throughout the study. Four pots of common
reed were placed in each tank, two pots of each haplotype, I and M, respectively, for a
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total of 104 pots in 52 tanks. Each pot was allowed to grow until plants were six weeks
old or one m tall, representing new growth of a young colony of common reed.
Following the establishment period, foliar applications of diquat (4.5 and 2.2 kg
ai/ha), two formulations of glyphosate (isopropylamine (IPA) & mono-potassium salt
(MP)) (4.2 and 2.1 kg ai/ha), imazamox (1.1 and 0.6 kg ai/ha), imazapyr (1.7 and 0.84 kg
ai/ha), and triclopyr (6.7 and 3.4 kg ai/ha). Plants were sprayed with a CO2 pressurized
backpack sprayer calibrated to deliver a spray volume of 187 L/ha. A non-ionic
surfactant (Dyne-Amic®) was added to the spray solution at a rate of 0.25% v:v. Barriers
were placed around each tank during application to prevent airborne herbicidal drift and
cross contamination between each treatment. Visual ratings were conducted weekly for
12 weeks after treatment (WAT). Common reed control was evaluated on a scale of 0 to
100 where 0 equals no control and 100 equals complete control. Control ratings of 90%
or greater were considered acceptable control. At 12 WAT, aboveground tissue was
harvested and dried in a forced air oven at 70˚C for 72 hrs to obtain a constant mass, then
compared to control plants to assess herbicide efficacy. Treatments were replicated four
times and the experiment was conducted twice. Data were analyzed using a mixed model
procedure in SAS 9.2 software to assess differences among herbicide treatments as well
as potential haplotype differences (Littell et al. 2006). A least squares mean statement
was used to conduct a pair-wise comparison among all treatment means. Only
comparisons to the untreated references are reported and differences were considered
significant at p=0.05 level of significance.
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Results and Discussion
Genetic analysis revealed that all samples grown from common reed collected in
Michigan had the HhaI cut site in the rbcL region of the chloroplast genome, which
indicates European origin (haplotype M; Saltonstall 2003). The RsaI cut site found in the
trnL-trnF region of the chloroplast genome was not found in any sample, which indicates
that samples from Alabama were not a native North American haplotype because they
were not cut at the HhaI or the RsaI cut sites, which indicates an origin not of European
descent (haplotype I). The RsaI cut site found only in native haplotypes of common reed
(Saltonstall 2003). The native haplotypes all share a mutation that is cut by RsaI
(Saltonstall 2003). RsaI will not cut any other haplotypes found worldwide and HhaI
will only cut haplotype M and close relatives from Asian and European lineages
(Saltonstall 2002).
There was an effect of haplotype on herbicide efficacy (p=0.03) when applied to
common reed. The 2.1 kg ae/ha rate of glyphosate (IPA) and the 0.6 kg ai/ha rate of
imazamox were more effective on haplotype M than Halpotype I (Figure 2.1). At 8
WAT, both the isopropyl amine and the mono-potassium formulations of glyphosate at
4.2 kg ae/ha rates controlled common reed 92 and 91% respectively (Table 2.1).
Imazapyr at 0.84 and 1.68 kg ai/ha rates controlled common reed at 92 and 96% by 12
WAT. Diquat did not effectively control common reed and was not different from the
untreated control by 8 WAT (Table 2.1). At 12 WAT, imazamox at 0.6 and 1.1 kg ai/ha
rates and triclopyr at 3.4 and 6.7 kg ae/ha had greater control than the untreated reference,
but only controlled common reed 63, 85, 45 and 56%, respectively (Table 2.1).
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Percent control ratings were accompanied by plant biomass collection of both
treated plants and the untreated plants, for haplotypes I and M, at the end of the study
(Figure 2.1). Common reed biomass was reduced (p<0.001) when treated with 2.10 and
4.21 kg ae/ha rates of both the isopropyl amine and the mono-potassium salts of
glyphosate, 0.6 and 1.1 kg ai/ha rates of imazamox, 0.8 and 1.7 kg ai/ha rates of
imazapyr, and 3.4 and 6.7 g ae/ha rates of triclopyr. Diquat was not effective at
controlling common reed at the 2.2 and 4.5 kg ai/ha rates. This is most likely due to the
fact that diquat is a contact herbicide and does not translocate throughout the treated plant
(Senseman 2007). Previous studies have shown similar control when using glyphosate
and control increased with increasing rates of glyphosate (Ailstock et al. 2001, Derr 2008,
Kay 1995, Riemer 1976). It is important to note, while glyphosate effectively controls
common reed at label rates (4.2 to 8.8 L/ha), repeat applications have been reported as
necessary to continue control of existing common reed populations (Riemer 1976).
Imazamox reduced (p<0.001) common reed biomass (Figure 2.1); however, following
necrosis of the original stems, new stems emerged, growing from the nodal regions of the
plants. This growth is known as witches broom and was present in all imazamox-treated
plants. Witch’s broom is a deformity that can be caused by a plethora of factors,
including disease, fungal pathogens, insect herbivory, and viruses. However, in this case
it was due to meristimatic injury from herbicide application since there was no evidence
of fungal pathogens, herbivory damages, or disease. In similar trials, barnyardgrass
[Echinochloa crus-galli (L.) P. Beauv.], and bur-marigold (Bidens cernua L.) exhibited
witches broom following application of label rates of metsulfuron methyl (2-(4-methoxy6-methyl-1,3,5,-triazin-2-ylcarbamoylsulfamoyl)benzoic acid) (Boutin et al. 2000), a
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sulfonylurea herbicide that inhibits acetolactate synthase (ALS) and prevent the synthesis
of branch chain amino acids isolucine, leucine, and valine similar to imazamox (LaRossa
and Schloss 1984). Parrotfeather [Myriophyllum aquaticum (Vell.) Verdc.] also showed
similar symptoms after application of imazamox at 0.3 and 0.6 kg ai/ha rates respectively
(Wersal and Madsen 2007). Imazapyr also reduced common reed biomass at both 0.84
and 1.68 kg ai/ha. As with glyphosate, previous studies have shown similar results with
imazapyr applications successfully controlling common reed (Derr 2008, Kay 1995).
Mozdzer et al. (2008) showed imazapyr applications were more effective (p=0.01) than
applications with glyphosate, reducing common reed biomass by 95% and 79%,
respectively. In addition, early season applications of both glyphosate and imazapyr at
2% and 5% solutions were more effective when applied in June rather than September
(Derr 2008, Mozdzer et al. 2008). Common reed biomass was reduced by application of
both 3.4 and 6.7 kg ae/ha rates of triclopyr; however re-growth occurred in all common
reed pots treated with both rates of triclopyr as reflected in Table 2.1. Derr (2008)
showed similar results, with control increasing with increasing rates of triclopyr from 1.1
to 6.7 kg ae/ha rates. Quinclorac (3,7-dichloro-8-quinolinecarboxylic acid), similar to
triclopyr and another member of the synthetic auxin family of herbicides, has activity of
grass species such as barnyardgrass (Koo et al. 1997, Grossmann and Scheltrup 1997)
and torpedograss (Panicum repens L.) (Brecke et al. 2001). The mechanism of action is
not completely understood; however it is known that, in susceptible grass species,
quinclorac causes an increase in cyanide accumulation occurs as a result of increased
ethylene and 1-aminocyclopropane-1-carboxylic acid (ACC) synthesis causing
(Grossmann and Kwiatkowski 1995, Grossmann 1998, Senseman 2007). Further
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research is needed to fully understand triclopyr’s mechanism of action in monocotyledon
species.
The differential susceptibility of haplotype M to glyphosate (IPA) and imazamox
were the only treatments that showed a significant difference in herbicide efficacy
between haplotypes. This difference could be a result of a small sample size rather than
an actual difference in susceptibility, and could be re-assessed with additional studies and
more replicates. Applications of glyphosate at 2.1 and 4.2 kg ae/ha, imazamox at 0.6 and
1.1 kg ai/ha, imazapyr at 0.8 and 1.7 kg ai/ha, and triclipyr at 3.4 and 6.7 kg ae/ha are all
effective at reducing common reed biomass. Management of common reed is a dynamic
and perennial activity that must take into consideration application timing (Derr 2008),
area limitations and budget constraints. Previous research has shown that timing of
management practices with low points in carbohydrates can significantly increase long
term efficacy and eradication efforts (Madsen 1993a, Madsen 1993b, Netherland et al.
2000) and further research needs to be conducted on common reed to assess the
applicability of timing on herbicide efficacy both within year as well as between years.
Further research needs to be conducted on common reed to assess the applicability of
timing on herbicide efficacy as well as the long term efficacy of repeat herbicide
applications.
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Table 2.1

Percent control (± 1 SE) of common reed (Phragmites australis)
biomass following herbicide treatment.
Weeks after Treatment (Percent Control)

Herbicide
(kg ai/ha)

1

4

8

12

0.0 ± 0.0

0.0 ± 0.0

0.0 ± 0.0

0.0 ± 0.0

46 ± 5*
50 ± 5*

21 ± 3*
21 ± 2*

3±1
3±1

0±0
0±0

Glyphosate – IPA
2.1
4.2

14 ± 2
16 ± 2

48 ± 5*
69 ± 5*

78 ± 4*
92 ± 3*

93 ± 3*
96 ± 2*

Glyphosate – MP
2.1
4.2

13 ± 2
17 ± 3

50 ± 5*
62 ± 5*

76 ± 4*
91 ± 2*

89 ± 2*
95 ± 2*

Imazamox
0.6
1.1

5±1
5±2

21 ± 2*
43 ± 5*

51 ± 4*
57 ± 5*

63 ± 7*
85 ± 3*

Imazapyr
0.8
1.7

8 ±3
4 ±1

29 ± 3*
30 ± 3*

82 ± 3*
78 ± 5*

92 ± 2*
96 ± 1*

11 ± 1
21 ± 4

53 ± 4*
64± 5*

53 ± 7*
55 ± 8*

45 ± 10*
56 ± 10*

Untreated Reference
Diquat
2.2
4.5
†

†

†

Triclopyr
3.4
6.7

*

Means in a column followed by an asterisk differ significantly from the untreated
control at p=0.05 level of significance according to least squares mean separation (n=4)
from the untreated control
a
Analyses were conducted within week after treatment
†
Rate expressed in kilograms acid equivalent (ae) per hectare
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Figure 2.1 Mean (± 1SE) biomass of Phragmites australis 12 weeks after treatment with
diquat (2.2 and 4.5 kg ai/ha), glyphosate (isopropyl amine and
monopotassium salts, 2.1 and 4.2 kg ae/ha), imazamox (0.6 and 1.1 kg ai/
ha), imazapyr (0.8 and 1.7 kg ai/ha), and triclopyr (3.4 and 6.7 kg ae/ha).
Bars having asterisks significantly differ from the untreated control at a 0.05
level of significance according to least squares mean separation (n=4). The
horizontal line indicates a biomass level corresponding to 90% control
relative to the untreated reference.
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CHAPTER III
SEASONAL BIOMASS AND STARCH ALLOCATION OF COMMON REED
[Phragmites australis (Cav.) Trin. ex. Steudel]

Abstract
Common reed (Phragmites australis) is a non-native invasive perennial grass that
is problematic in aquatic and riparian environments across the United States. The ability
to reproduce quickly combined with its ability to cycle nutrients has made P. australis an
aggressive invader of aquatic environments. Phragmites often forms monotypic stands
that displace native vegetation which provide food and cover for wildlife. In order to
help maintain native habitats and manage populations of common reed in the United
States, an understanding of its life history and starch allocation patterns are needed.
Using a 0.1 m2 quadrat, twelve biomass samples using were taken from each of four sites
throughout the Mobile River delta in southern Alabama every month from January to
December for two consecutive years. Samples were then separated into above and
belowground biomass dried and weighed. Starch allocation was determined by using the
STA20 starch assay kit. Total biomass of common reed was greater in 2006 than in 2007
(t = 11.1, d.f. = 71, p<0.01). As temperature decreased common reed biomass, both
aboveground (p=0.05) and belowground (p<0.01), decreased. Maximum aboveground
biomass was 2200 ± 220 g m-2 in October of 2006 and 1302 ± 88 g m-2 in December of
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2007. Maximum belowground biomass was seen in November of 2006 and 2007 with
1602 ± 233 and 1610 ± 517 g m-2 respectively. As aboveground biomass senesces,
belowground biomass increases, resulting in a shift in biomass production. Starch
allocation in common reed followed biomass allocation, and declined with declining
temperatures in both above and belowground tissues. Aboveground starch allocation was
highest in December of 2006 and November of 2007. Belowground starch allocation
peaked at 63.7 ± 1.0 g starch m-2 during August of 2006 and 95.5 ± 1.2 g starch m-2 in
September of 2007. Application of management should be applied from March to July to
exploit the low concentrations of starch in both above and belowground tissues of
common reed. Understanding the life history and starch allocation patterns of common
reed has provided information to guide management strategies by identifying the
vulnerable points in biomass and starch reserves in common reed.

Introduction
Common reed, Phragmites australis (Cav.) Trin. ex Steud, is an invasive aquatic
and riparian grass that is expanding throughout the continental United States. This
expansion has been attributed to multiple introductions of a non-native strain from
Europe in the late 1700s (Saltonstall 2002) as well as anthropogenic effects (Roman et al.
1984), and hyper-eutrophication of the environment (Chambers et al. 1999). Multiple
intorductions of common reed over the last 200 years have resulted in a loss of native
common reed and an increase in non-native haplotypes (Saltonstall 2002). Of the 29 total
haplotypes of common reed identified throughout the world (Saltonstall, pers. comm.),
thirteen are native to North America; five of these are native to the northeastern portion
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of North America. Haplotypes I and M are the most abundant (Saltonstall 2002).
Haplotype I is thought to have originated from South America and parts of Asia and is
the most prevalent haplotype along the Gulf Coast of the United States (Hauber et al.
1991, Saltonstall 2002). Haplotype I is unique in that previous studies have found
evidence of its presence along the Gulf Coast since the late 1800s (Saltonstall 2002).
Genetic analysis of both pre-1910 herbarium samples as well as current samples indicate
genetic autonomy as well as geographic isolation of this haplotype along the Gulf Coast
of the United States (Pellegrin and Hauber 1999, Saltonstall 2002) from all other
populations of common reed in North America. In addition, haplotype I’s introduction to
North America remains a mystery; its closest relative is only found in Asia, and it could
be possible that haplotype I is originally from Asia (Saltonstall 2002). However, without
knowing the exact time of introduction and the fact that herbarium samples pre-1910 had
this haplotype present in North America designating haplotype I as native or non-native
is inappropriate. Haplotype M is native to Eurasia and Africa. In North America,
haplotype M exhibits invasive characteristics, taking over ditches, lake shores, riparian
areas and wetlands; producing monotypic stands and choking out native vegetation and
wildlife in the northeast, Midwest, and Gulf Coast (Able and Hagan 2000, Chambers et
al. 1999, Marks et al. 1994, Saltonstall 2002, Windham and Lathrop 1999).
Common reed is a perennial, rhizomatous monocot from the Poaceae family
(Clayton 1967) and is described as a tall, course perennial with stout rhizomes, deeply
seated in the substrate (Godfrey and Wooten 1979). The rhizomes of common reed
function as the primary means of reproduction (Kilmeš et al. 1999) and serve as a storage
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organ for total nonstructural carbohydrates (TNC) and water soluble carbohydrates
(WSC) (Fiala 1976, Kilmeš et al. 1999).
Historically, common reed has been a minor part of most tidal and freshwater
wetlands and marshes. However, within the last 200 years there has been a significant
expansion of common reed into North American wetlands, both brackish as well as
freshwater (Chambers et al. 1999). To date, in North America the greatest expansion of
common reed has been along the Atlantic Coast, Great Lakes and in the Gulf of Mexico,
specifically the Mississippi River delta (Chambers et al. 1999). This expansion has been
attributed to events such as increased hydrologic disconnection, increases in human
disturbances the increase in non-native haplotypes (Chambers et al. 1999, Saltonstall and
Stevenson 2007). Numerous control measures are available for management including
aquatic herbicides, biocontrol, and mechanical mowing and disking (Blossey 2003, Cross
and Fleming, 1989, Derr 2008, Norris et al. 2002). Derr (2008) demonstrated long-term
success with both spring and early summer applications with glyphosate and imazapyr.
Coupling management with a plants life history can provide more efficacious
management of aquatic weeds (Madsen 2006).
Phenology is the study of seasonal timing of critical life stages in the life of plants
and animals. An understanding of the phenological patterns of a target plant can identify
optimum times during the plants life cycle in which to apply management techniques for
the most efficacy. Previous research has shown that applying management techniques
during times of low carbohydrate storage can increase the success of management.
Phenological studies of alligatorweed [Alternanthera philoxeroides (Mart.) Griseb],
Brazilian elodea (Egeria densa Planch.), curlyleaf pondweed (Potamogeton crispus L.),
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Eurasian watermilfoil (Myriophyllum spicatum L.), hydrilla [Hydrilla verticillata (L.f.)
Royle] and waterhyacinth [Eichhornia crassipes (Mart.) Solms] have all examined
carbohydrate allocation patterns in aquatic plants and suggest that increases in
management efficacy can be achieved by timing management to low points of
carbohydrate availability during a plant’s life cycle (Weldon and Blackburn 1968,
Pennington and Sytsma 2009, Woolf and Madsen 2003, Madsen 1993b, Madsen 1997,
Madsen and Owens 1998). The objectives of this study were to identify the seasonal
patterns of biomass and starch allocation in haplotype I of common reed.

Materials and Methods

Seasonal Biomass
This study was conducted in the Mobile-Tensaw River Delta, near Mobile, AL
(30˚41’42”N, 88˚2’29”W) during January 2006 through January 2007. Salinity,
temperature, tide level and rainfall data were utilized from the National Oceanic and
Atmospheric Administration monthly summaries for Mobile, AL. Forty eight biomass
samples were taken monthly from four sites located throughout the mobile river delta.
The four sites were located in Polecat Bay (30˚42’36”N, 88˚0’40”W), Crab Creek
(30˚43’49”N, 87˚58’32”W), Gravine Island (30˚46’36”N, 87˚55’34”W) and Sardine Pass
(30˚40’13”N, 87˚56’11”W). The samples were randomly collected using a 0.1 m2
quadrat (Madsen 1993a). Samples were separated into above and below ground parts and
dried at 70˚C for 72 hrs to obtain constant weights. Seasonal biomass for each month
was determined by calculating the mean of all above (stems and leaves) and below
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ground (rhizomes and roots) biomass samples collected for each month and then
compared over time to identify the maximum biomass for above and belowground for
2006 and 2007. Biomass data were analyzed using a mixed procedures model in SAS
(Littell et al. 2006) to determine the correlations between aboveground and belowground
biomass and temperature and precipitation. A pairwise comparison of least square means
was used to assess differences in biomass between 2006 and 2007. All analyses were
conducted at a p=0.05 level of significance. Similar methods were employed when
analyzing biomass data on sago pondweed [Stuckenia pectanata (L.) Börner] (Wersal et
al. 2006).

Starch Allocation
After obtaining dry weights of the biomass samples, they were ground using a
cyclone sampling mill (Udy Corp, Ft. Collins, CO), then analyzed for percent starch
using the STA20 starch assay kit developed by Sigma Aldrich (Sigma Aldrich Co 2009,
Appendix A). Percent starch was determined and compared over time to identify low
points in starch reserves during the life cycle of common reed. The precision of the
analysis was 11.3% as determined by duplicate samples analyzed with each month’s
samples (Appendix D). The detection capabilities of the STA20 kit, as determined by
standard curves, had an r2 of 0.99 (Appendix B, B.1).

Results and Discussion
Total biomass of common reed was greater in 2006 than in 2007 (t = 11.1, d.f. =
71, p<0.01), as shown in figure 3.1. Total biomass had an overall negative relationship
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with temperature; as temperature decreased common reed biomass decreased (p<0.01).
Maximum aboveground biomass was 2200 ± 220 in October of 2006 and 1302 ± 88 g m-2
in December of 2007 (Figure 3.1). Maximum belowground biomass was seen in
November of 2006 and 2007 with 1602 ± 233 and 1610 ± 517 g m-2 respectively (Figure
3.2). As aboveground biomass senesces, belowground biomass increases, resulting in a
shift in biomass production until freezing temperatures are. Previous research has
demonstrated high variability in common reed biomass production (Rolletschek et al.
1999, Rolletschek and Hartzendorf 2000); however, biomass values in this study were
similar to those found by Soetaert and others (2004).
Starch allocation in common reed followed biomass allocation, and declined with
declining temperatures in both above and belowground tissues. Aboveground starch
allocation was highest in December of 2006 and November of 2007 (Figure 3.1).
Belowground starch allocation peaked at 63.7 ± 1.0 g starch m-2 during August of 2006
and 95.5 ± 1.2 g starch m-2 in September of 2007 (Figure 3.2). This pattern in the
belowground starch content could be a result of varying winter temperatures and a lack of
consistent freezing or below freezing (< 0˚C) temperatures (Figure 3.3, Figure 3.4). In
addition, the aboveground starch content could reflect the warmer mean daily
temperatures seen in October, November, and December of 2006 and 2007 (Figure 3.3),
which may delay senescence. During January of 2007 there was a significant decrease in
belowground biomass and subsequently belowground starch (Figure 3.2). This could be
a result of the decrease in temperature from December 2006 to January 2007 (Figure 3.3)
and nine consecutive days at or below freezing during the first two weeks in January
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(Figure 3.2), which could lead to a reduction of biomass and starch and ultimately plant
death.
Previous research has evaluated numerous environmental factors that affect
growth of common reed. Lissner and Schierup (1997) found that salinity higher than
22.5% of sea water caused 100% mortality in experimentally grown seedlings of
common reed. Flooding and the effects of submergence have also been examined in
Europe and the US and have demonstrated inconsistent reductions in common reed
colonization, seedling survival and overall biomass if water levels are maintained at least
10-20 cm over the existing water table (Cross and Fleming 1989, Hellings and Gallagher
1992, Mauchamp et al. 2001).

Carbohydrate allocation patterns in common reed can

vary based on age, nutrients of the sediment, location, trophic status, and time of year
(Čížková et al. 1996, Čížková and Bauer 1998, Fiala 1976, Kilmeš et al. 1999, Tylová et
al. 2008). Despite the chance for variability, carbohydrates within common reed tend to
decrease during spring growth, sometimes as much as 60% (Čížková et al. 2001), then
rapidly increase from July to September, and then decrease again during winter (Asaeda t
al. 2006, Čížková et al. 1996, Čížková et al. 2001, Granéli et al. 1992). In some
instances, the carbohydrate reserves were restored as early as June (Granéli et al. 1992).
In the populations of common reed sampled in the Mobile River Delta, greater than 80%
of the total starch content was achieved by July 2006 and August of 2007, respectively.
Understanding the seasonal variation in biomass and starch allocation of common
reed may serve as a vital tool for long-term management. Timing of control measures
with life history, particularly with low points in carbohydrates has shown effective
control of curlyleaf pondweed (Netherland et al. 2000). Application of management
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during the early spring and summer (March through June) could target the low points in
starch reserves in common reed and may allow for greater control using systemic
herbicides that can more efficiently translocate into the rhizosphere and reduce the regrowth of common reed following treatment. Early applications can also offer managers
the chance for time to repeat management activities, reduced interception from mature
reed stands (Whetstone 2008 pers. Comm.), and could allow for increased efficacy within
and between years. Management of common reed must target not only the periods of low
starch and carbohydrate concentrations but be effective at depleting the rhizome bank if
long-term control is the management goal. The data presented here identifies vulnerable
times during the life cycle of common reed, and could be exploited for management.
Reducing the viable rhizome bank will eventually lead to a reduction in the reproductive
capacity of common reed.
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Figure 3.1 (A) Aboveground biomass (g DW m-2), (B) belowground biomass (g DW m-2),
and (C) temperature (˚C) of common reed collected in the Mobile River Delta,
AL during 2006 and 2007.
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Figure 3.2 (A) Aboveground Percent Starch (% DW), (B) belowground percent starch (%
DW), and (C) temperature (˚C) of common reed collected in the Mobile River
Delta, AL during 2006 and 2007.
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Figure 3.3 (A) Aboveground Starch (g starch m-2), (B) belowground Starch (g starch m-2),
and (C) temperature (˚C) of common reed collected in the Mobile River Delta,
AL during 2006 and 2007.
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Figure 3.4 Average monthly and minimum monthly temperatures (˚C) of the Mobile
River Delta, AL during 2006 and 2007.
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CHAPTER IV
CONCLUSIONS AND MANAGEMENT RECOMMENDATIONS

In this chapter I will summarize the two main studies that comprise my thesis as
well as provide management recommendations for the control of common reed
[Phragmites australis (Cav.) Trin ex. Steudel].

Chapter 2 – The Use of Aquatic Labeled Herbicides to Control Common Reed
The objectives of this study were to evaluate whether a difference occurs in the
susceptibility of haplotypes, I and M, to available herbicides and identify the most
effective aquatic labeled herbicides for common reed control. This study was conducted
twice, in an outdoor mesocosm, in 1136-L tanks using two haplotypes, I and M.
Restriction fragment length polymorphism methodologies were used to identify
populations of I and M used in this study. Diquat at 2.2 and 4.5 kg ai/ha, glyphosate at
2.1 and 4.2 kg ae/ha, imazamox at 0.6 and 1.1 kg ai/ha, imazapyr at 0.8 and 1.7 kg ai/ha,
and triclopyr at 3.4 and 6.7 kg ae/ha were applied to the foliage with a non-ionic
surfactant at a rate of 0.25% v:v. Common reed was evaluated weekly for 12 weeks after
treatment (WAT) to assess percent control. At 12 WAT, healthy plant tissue was
harvested, dried, and weighed.
Haplotype was a significant factor (p=0.03) with isopropyl amine (IPA)
formulations of glyphosate at 2.1 kg ae/ha and imazamox at 0.6 kg ai/ha; therefore, we
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found evidence of differential susceptibility between haplotypes I and M. Haplotype M
was more susceptible to the lowest rate of the glyphosate (IPA) and the lowest rate of
imazamox than haplotype I. This difference could be attributed to small sample size and
growth variation of common reed within the study rather than an actual difference in
susceptibility, and should be re-assessed with additional studies and more replicates in
controlled, mesocosm settings and at the field scale. At 12 WAT, both 2.1 and 4.2 kg
ae/ha rates of glyphosate, and 0.8 and 1.7 kg ai/ha rates of imazapyr reduced common
reed (p<0.01). Triclopyr at the maximum label rate of 6.7 kg ae/ha reduced biomass
(p<0.01); however, some re-growth occurred. Glyphosate at 2.1 and 4.2 kg ae/ha,
imazapyr at 0.8 and 1.7 kg ai/ha, and triclopyr at 3.4 and 6.7 kg ae/ha are effective
herbicides for common reed control.

Chapter 3 – Seasonal Biomass and Starch Allocation of Common Reed
The goals of this study were to gain an understanding of common reed life
history; specifically the biomass and starch allocation patterns. Using a 0.1 m2 quadrat,
twelve biomass samples were taken from four sites throughout the Mobile River delta in
southern Alabama every month from January 2006 to December 2007. Samples were
then separated into above and belowground biomass dried and weighed. Starch
allocation was determined by using the STA20 starch assay kit (Sigma Aldrich Co 2009,
Appendix A).
Total biomass of common reed was greater in 2006 than in 2007 (t = 11.1, d.f. =
71, p<0.01). As temperature decreased common reed biomass, both aboveground
(p=0.05) and belowground (p<0.01), decreased. Maximum aboveground biomass was
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2200 ± 220 g m-2 in October of 2006 and 1302 ± 88 g m-2 in December of 2007.
Maximum belowground biomass was seen in November of 2006 and 2007 with 1602 ±
233 and 1610 ± 517 g m-2 respectively. As aboveground biomass senesces, belowground
biomass increases, resulting in a shift in biomass production. Starch allocation in
common reed followed biomass allocation, and declined with declining temperatures in
both above and belowground tissues. Aboveground starch allocation was highest in
December of 2006 and November of 2007. Belowground starch allocation peaked at
63.7 ± 1.0 g starch m-2 during August of 2006 and 95.5 ± 1.2 g starch m-2 in September of
2007. Biomass production peaks from August through December and declines with
declining temperatures. Starch allocation peaks from July through December and also
declines with declining temperatures.
Application of management should be applied from March to July to exploit the
low concentrations of starch in both above and belowground tissues of common reed.
Understanding the life history and starch allocation patterns of common reed has
provided information to guide management strategies by identifying the vulnerable points
in biomass and starch reserves in common reed.

Management Recommendations
Management of common reed has been widely studied across many habitat types
and continents (Ailstock et al. 2001, Chambers et al. 1998, Čížková et al. 2001, Güsewell
et al. 2000, Güsewell 2003, Kay 1995) and can be divided into four control categories:
biological, chemical, mechanical, and physical control (Cross and Fleming, 1989, Norris
et al. 2002).
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Biological control is examined heavily in Europe and is under review in the US;
however, no operational biological control agents have been approved for use in the US
and the insects under evaluation in Europe are still in the trial phase (Blossey 2003,
Tewksbury et al. 2002).
Chemical control methods have used the active ingredients glyphosate, imazapyr,
and triclopyr (Derr 2008, Kay 1995, Mozdzer et al. 2008). Glyphosate is a systemic
herbicide that inhibits the 5-enolpyruvyl shikimate-3-phosphate(EPSP) synthase which
leads to a reduction of aromatic amino acids, specifically phenylalanine, tryptophan, and
tyrosine, that are vital in protein synthesis (Senseman 2007). Imazapyr is also a systemic
herbicide; however it affects a different biochemical pathway than glyphosate. Imazapyr
inhibits branch chain amino acid production by preventing the production of
acetohydroxyacid synthase (AHAS) which causes an unrecoverable decrease in
branched-chain amino acids such as isoleucine, leucine, and valine (Shaner and Mallipudi
1991). Triclopyr is a systemic herbicide that mimics the endogenous auxin IAA;
however, the mechanism of action is not well understood nor is the specific site of action
(Senseman 2007). What is known is that triclopyr and other auxin mimicking herbicides
such as 2,4-D affect cell wall integrity by causing uncontrolled elongation and cell
division which can be seen by the rapid elongation of stems and leaves, which results in a
twisting of the plant known as epinasty (Senseman 2007). In addition, the reduction in
cell wall integrity causes the degradation and collapse of the vascular system within the
treated plants and effectively reduces or completely disrupts the flow of nutrients within
the plant (Shaw pers. Comm. 2010). Studies have shown all three herbicides to be
effective in controlling P. australis (Derr 2008, Kay 1995).
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Mechanical and physical control methods have been examined and mixed results
have been identified. Flooding, disking, bulldozing, and dredging have all been
evaluated and are not effective methods for controlling existing infestations of common
reed when used alone (Cross and Fleming 1989, Norris et al. 2002). Seasonal mowing
can be effective (Cross and Fleming, Güsewell 2003), however limitations in wetlands
typically prevent the use of heavy equipment needed to carry out this activity. Burning
has long been used to reduce common reed biomass; however it is a significant
disturbance that may stimulate common reed germination and expansion (Norris et al.
2002). Combinations of herbicide with either mowing (Monteiro et al. 1999) and/or
burning (Cross and Fleming 1989) can be effective at controlling common reed.
Chemical control appears to be the most cost effective and useful management
tool available. Combinations of mechanical and chemical have been shown to reduce P.
australis biomass (Ailstock et al. 2001, Monteiro et al. 1999). Historically, common reed
management has not coupled management practices to the life history and carbohydrate
patterns to exploit times of either reduced biomass and/or bulk flow of nutrients from
above ground portions to the below ground storage organs. Using life history as a time
frame for management is used in production agriculture (Ghersa and Holt 1995,
Radosevich et al. 2007) as well as in aquatic plant management (Luu and Getsinger 1990,
Madsen 1997, Owens and Madsen 1998, Netherland et al. 2000, Woolf and Madsen
2003).
This research has identified two key components that add to the toolbox for
common reed management: effective, aquatic labeled herbicides for control of common
reed and low points in the life history of common reed for optimum timing of control. By
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applying control measures during the times of low starch concentrations (Figure 4.1) we
can effectively hinder the recruitment of new, healthy plants and can begin depleting the
extensive rhizome bank that exists in established stands of common reed
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Figure 4.1 Optimum times for management applications for common reed based on low
points in starch allocation between (A) aboveground and (B) belowground
tissues.
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APPENDIX A
QUANTITATIVE MENTHODOLOGY FOR STARCH ALLOCATION ANALYSIS OF
COMMON REED [Phragmites australis (Cav.) Trin. ex. Steudel]

60

Background
Enzymes, as analytical tools, have found widespread use in the food, biochemical,
and pharmaceutical industries. Enzymatic methods are specific, reproducible, sensitive,
rapid, and therefore, ideal for analytical purposes. Due to the high specificity and
sensitivity of enzymes, quantitative assays may be done on crude materials with little or
no sample preparation. This kit is for the quantitative, enzymatic determination of starch
in food and other materials. The hydrolysis of starch to glucose is catalyzed by αamylase and amyloglucosidase. Glucose is oxidized to gluconic acid and hydrogen
peroxide by glucose oxidase. Hydrogen peroxide reacts with o-dianisidine in the
presence of peroxidase to form a colored product. Oxidized o-dianisidine reacts with
sulfuric acid to form a more stable colored product. The intensity of the pink color
measured at 540 nm is proportional to the original glucose concentration (Sigma Aldrich
2009).

Preparation Instructions

Sample Preparation
Grind the sample to < 0.5 mm (No. 40 mesh). Weigh 50–100 mg samples to 0.1
mg accuracy. Transfer the samples to appropriately marked test tubes. For wheat and
corn starch controls, and samples with high starch content, reduce sample size to 1–10
mg. Samples that contain glucose or maltodextrins must be extracted with ethanol to
remove these substances. Add 5.0 ml of the 80% Ethanol Solution to the sample.
Incubate at 80–85˚C for 5 minutes. Mix the contents of the tube and add another 5.0 ml
of the 80% Ethanol Solution. Centrifuge tube for 10 minutes at 1,000 x g. Discard the
supernatant. Resuspend the pellet in 10 ml of the 80% Ethanol Solution and mix.
Centrifuge for 10 minutes at 1,000 x g. Carefully pour off the supernatant and discard.
Proceed with starch digestion in the next section. For samples that contain resistant
starch: add 2 ml of DMSO to each sample, mix and incubate for 5 minutes in a boiling
water bath. Proceed with starch digestion.

Starch Digestion
1. Add 0.2 ml of the 80% Ethanol Solution to each sample and to an empty tube labeled
“Starch Digestion Blank” and mix.
2. Pipette 3.0 ml of water and 0.02 ml of the α-Amylase (Reagent 1) into each sample and
blank tube.
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3. Mix and incubate for 5 minutes in a boiling water bath.
4. Remove the tubes from the water bath and cool to room temperature.
5. Bring the volume in each tube up to 10 ml with water and mix.
6. To 1.0 ml of each test and blank solution from step 5, add 1.0 ml of the Starch Assay
Reagent (Reagent 2).
7. Mix and incubate for 15 minutes in a 60˚C shaking water bath.
8. Remove the tubes from the water bath and cool to room temperature.
9. Dilute 1.0 ml of each sample and blank to 10 ml with water.
10. Proceed with glucose determination in next section.

Glucose Assay
Avoid prolonged exposure of the Glucose Assay
Reagent (Reagent 5) to bright light.
1. Pipette the following solutions into the appropriately marked test tubes:
Reagent
Water (ml)
Glucose
Standard
Reagent 6
(ml)
Blank from
Starch
Digestion (ml)
Sample from
Starch
Digestion (ml)

Standard
Blank
1.0

Standard

Reagent Blank

Test

0.950

--

--

--

0.05

--

--

--

--

1.0

--

--

--

--

1.0

2. At zero time, start the reaction by adding 2.0 ml of the Glucose Assay Reagent
(Reagent 5) to the first tube and mix. Allow 30–60 second intervals between additions of
Glucose Assay Reagent (Reagent 5) to each subsequent tube.
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3. Incubate each tube exactly 30 minutes at 37˚C. Stop each reaction at 30–60 second
intervals by adding 2.0 ml of the 12 N Sulfuric Acid Solution into each tube. Carefully
mix each tube thoroughly.
4. Measure the absorbance of each tube at 540 nm.

Calculations
∆ASTANDARD = ASTANDARD – ASTANDARD BLANK
∆ATEST = ATEST – AREAGENT BLANK
%Starch
= (∆ATEST) (F) (V) (SF) (SDF) (VGA) (MWF) (100) / (Conversion Factor for µg
to mg)
(Sample Weight in mg)
= (∆ATEST) (50/∆ASTD) (10) (2) (10) (1.0) (0.9) (100) / (1000) (Sample Weight in
mg)
= (∆ATEST) (900) / (∆ASTD) (Sample Weight in mg)
F = µg glucose in standard ÷ ASTANDARD at 540 nm = 50/∆A540
V = Initial Sample Volume (from sample preparation)
SF = Total Assay Volume from Starch Assay/Sample Volume from Starch Assay
SDF = Dilution Factor from end of Starch Assay
VGA = Initial Sample Volume from Glucose Assay
MWF = Molecular Weight of Starch monomer/Molecular Weight of Glucose = 162/180
= 0.9
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APPENDIX B
STANDARD CURVE DATA FOR STARCH ALLOCATION OF COMMON REED
[Phragmites australis (Cav.) Trin. ex. Steudel]
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Figure B.1 Glucose standard curve for STA20 starch assay.
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APPENDIX C
PERCENT RECOVERY DATA FOR STARCH ALLOCATION OF COMMON REED
[Phragmites australis (Cav.) Trin. ex. Steudel]

67

68

Sample Type Mass
1
corn 2.00
2
corn 2.10
3
corn 2.20
4
corn 4.00
5
corn 4.00
6
corn 4.00
7
corn 6.10
8
corn 6.10
9
corn 6.40
10
corn 8.10
11
corn 8.20
12
corn 7.90
Mean

Absorbance
0.1406
0.0919
0.1000
0.2356
0.1904
0.2205
0.2795
0.2436
0.3769
0.3971
0.4836
0.4336

Reagent
Blank
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
Constant
900
900
900
900
900
900
900
900
900
900
900
900

Table C.1 Percent recovery of starch content in corn standards.

Astandard
0.6819
0.6819
0.6819
0.6819
0.6819
0.6819
0.6819
0.6819
0.6819
0.6819
0.6819
0.6819

Atest
0.1288
0.0801
0.0882
0.2238
0.1786
0.2087
0.2677
0.2318
0.3651
0.3853
0.4718
0.4218

%
Starch
85.00
50.34
52.91
73.85
58.93
68.86
57.92
50.15
75.29
62.78
75.94
70.47
65.20

%
Purity
93
93
93
93
93
93
93
93
93
93
93
93

%
Recovery
91.0
54.0
57.0
79.0
63.0
74.0
62.0
54.0
81.0
68.0
82.0
76.0
70.0

69

Sample
1
2
3
4
5
6
7
8
9
10
11
12
Mean

Type Mass Absorbance
wheat 2.30
0.1386
wheat 2.30
0.1630
wheat 2.30
0.2012
wheat 4.00
0.2301
wheat 3.90
0.2248
wheat 4.00
0.2355
wheat 6.30
0.3812
wheat 6.20
0.2940
wheat 6.00
0.3075
wheat 8.00
0.3836
wheat 8.30
0.4511
wheat 8.30
0.4682

Reagent
Blank
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
0.0118
Constant Astandard
900
0.6819
900
0.6819
900
0.6819
900
0.6819
900
0.6819
900
0.6819
900
0.6819
900
0.6819
900
0.6819
900
0.6819
900
0.6819
900
0.6819

Table C.2 Percent recovery of starch content in wheat standards.

Atest
0.1268
0.1512
0.1894
0.2183
0.2130
0.2237
0.3694
0.2822
0.2957
0.3718
0.4393
0.4564

%
Starch
72.76
86.77
108.69
72.03
72.08
73.81
77.39
60.07
65.05
61.34
69.86
72.58
74.37

%
Purity
84
84
84
84
84
84
84
84
84
84
84
84

%
Recovery
87.0
100.3
129.0
86.0
86.0
88.0
92.0
72.0
77.0
73.0
83.0
86.0
89.0

APPENDIX D
PERCENT DIFFERENCES BETWEEN DUPLICATE SAMPLE DATA FOR STARCH
ANALYSIS OF COMMON REED [Phragmites australis (Cav.) Trin. ex. Steudel]
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Table D.1 Percent differences in percent starch between duplicate samples of common
reed [Phragmites australis (Cav.) Trin. Ex. Steudel]
Sample
Gravine AG
Gravine BG
Sardine Pass AG
Sardine Pass BG
Sardine Pass AG
Sardine Pass BG
Polecat Bay AG
Polecat Bay BG
Gravine AG
Gravine BG
Sardine Pass AG
Sardine Pass BG
Sardine Pass AG
Sardine Pass BG
Tensaw River AG
Tensaw River BG
Sardine Pass AG
Sardine Pass BG
Tensaw River AG
Tensaw River BG
Tensaw River AG
Tensaw River BG
Sardine Pass AG
Sardine Pass BG
Tensaw River AG
Tensaw River BG
Polecat Bay AG
Polecat Bay BG
Sardine Pass AG
Sardine Pass BG
Polecat Bay AG
Polecat Bay BG
Gravine AG
Gravine BG
Tensaw River AG
Tensaw River BG
Tensaw River AG
Tensaw River BG
Polecat Bay AG
Polecat Bay BG
Gravine AG
Gravine BG
Sardine Pass AG
Sardine Pass BG
Mean

Date Sampled
Jan 2006
Jan 2006
Feb 2006
Feb 2006
Mar 2006
Mar 2006
May 2006
May 2006
Jun 2006
Jun 2006
Jul 2006
Jul 2006
Aug 2006
Aug 2006
Sept 2006
Sept 2006
Oct 2006
Oct 2006
Nov 2006
Nov 2006
Dec 2006
Dec 2006
Jan 2007
Jan 2007
Feb 2007
Feb 2007
Mar 2007
Mar 2007
Apr 2007
Apr 2007
May 2007
May 2007
Jun 2007
Jun 2007
Jul 2007
Jul 2007
Aug 2007
Aug 2007
Sept 2007
Sept 2007
Oct 2007
Oct 2007
Nov 2007
Nov 2007

%Starch
0.3
6.5
0.3
6.9
1.0
9.4
1.3
8.6
1.6
10.4
1.7
11.2
1.1
9.3
2.3
10.0
0.7
9.3
1.0
12.5
1.6
13.0
0.8
3.5
0.8
15.2
2.5
14.7
3.2
12.4
1.8
12.8
6.5
10.6
1.8
14.5
1.7
17.5
7.2
20.4
9.1
22.8
10.2
19.4
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Duplicate %Starch
0.3
7.1
0.3
6.6
1.0
10.1
1.8
7.4
1.0
10.4
1.5
11.3
1.0
9.0
2.6
9.3
0.6
10.4
1.3
16.6
1.6
12.0
0.7
3.5
0.8
15.1
1.0
16.2
2.7
11.0
1.8
14.2
5.6
12.9
1.6
14.7
3.1
17.2
6.9
19.2
10.8
17.1
9.0
20.7

% Difference
0.3
8.4
1.3
5.3
2.9
7.2
29.1
14.8
36.6
0.1
7.0
1.2
4.7
2.6
10.9
6.6
16.8
10.2
16.6
25.0
0.8
7.4
11.4
0.8
6.5
0.5
60.5
9.6
15.0
10.8
0.8
9.8
14.2
18.2
9.1
1.6
43.8
1.5
3.9
5.8
15.9
24.8
11.7
6.0
11.3

